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Defects in meiotic recombination in many organisms result in arrest
because of activation of a meiotic checkpoint(s). The proximal
defect that triggers this checkpoint in mammalian germ cells is not
understood, but it has been suggested to involve either the
presence of DNA damage in the form of unrepaired recombination
intermediates or defects in homologous chromosome pairing and
synapsis independent of DNA damage per se. To distinguish be-
tween these possibilities in the female germ line, we compared
mouse oocyte development in a mutant that fails to form the
double-strand breaks (DSBs) that initiate meiotic recombination
(Spo11�/�) to mutants with defects in processing DSBs when they
are formed (Dmc1�/� and Msh5�/�), and we examined the epistasis
relationships between these mutations. Absence of DSB formation
caused a partial defect in follicle formation, whereas defects in DSB
repair caused earlier and more severe meiotic arrest, which could
be suppressed by eliminating DSB formation. Therefore, our anal-
ysis reveals that there are both DNA-damage-dependent and
-independent responses to recombination errors in mammalian
oocytes. By using these findings as a paradigm, we also examined
oocyte loss in mutants lacking the DNA-damage checkpoint kinase
ATM. The absence of ATM caused defects in folliculogenesis that
were similar to those in Dmc1 mutants and that could be sup-
pressed by Spo11 mutation, implying that oocyte death in Atm-
deficient animals is a response to defective DSB repair.

Dmc1 � Msh5 � Spo11

Meiotic recombination promotes formation of physical
links (chiasmata) between homologous chromosomes

that ensure their faithful segregation at the first meiotic
division. Defects in recombination can generate gametes with
aneuploid or damaged genomes, so cells actively monitor
recombination to coordinate its completion with progression
through meiosis (1–3).

The mechanism of meiotic recombination is currently best
understood in Saccharomyces cerevisiae (4). Recombination ini-
tiates with DNA double-strand breaks (DSBs) formed by the
SPO11 protein. DNA strand exchange proteins (including
DMC1 and RAD51) act on these DSBs to catalyze strand
invasion into intact homologous duplexes, giving rise ultimately
to mature recombinant products. In S. cerevisiae, dmc1 mutants
arrest during prophase I (5). This arrest can be ascribed to
accumulation of unrepaired recombination intermediates be-
cause arrest requires DSB formation by SPO11 (5, 6). A similar
DNA-damage-dependent checkpoint appears to operate in
rad51-deficient oocytes in Caenorhabditis elegans and Drosophila
melanogaster (7, 8).

It is likely that DSBs initiate meiotic recombination in mam-
mals as well. A mouse ortholog of SPO11 is required for meiotic
recombination and chromosome synapsis (9, 10), and physical
and�or cytological analyses provide evidence for DSBs during
meiotic prophase (9–13). As in other organisms, recombination
defects in mammals result in arrest and�or programmed cell
death by means of apoptosis before the first meiotic division

(reviewed in refs. 3, 14, and 15). In male mice, several very
different molecular defects cause spermatocytes to arrest at
approximately the same point in late zygotene to midpachytene.
Examples include Spo11�/� (defective in the initiation of re-
combination), Dmc1�/� (defective in the repair of SPO11-
induced DSBs), and Sycp3�/� (lacking a structural component of
the synaptonemal complex) (3, 14, 15). Arrest and apoptosis in
these mutants are assumed to result from activation of a
checkpoint during meiotic prophase, but the trigger for this
checkpoint is not known. One possible trigger is defects in
homologous chromosome synapsis (e.g., refs. 9 and 16), which
are similar in each of these mutants despite different underlying
molecular defects. However, other alternatives cannot be ruled
out, including persistent unrepaired DSBs or other chromosomal
abnormalities, such as a failure in sex-body formation.

The situation in females has been less extensively character-
ized, partly because of the greater technical demands for study-
ing meiosis in oocytes compared with spermatocytes. Neverthe-
less, it is clear that mammalian oocytes also respond to
recombination defects by arresting development and undergoing
programmed cell death (3). As in males, it is not known precisely
what molecular defect triggers oocyte loss, although synaptic
defects have been proposed in several instances (e.g., ref. 17).
However, apparently unlike the situation in males, different
recombination defects may effect different responses. Specifi-
cally, oocytes appear to progress further through meiosis in
DSB-defective mutants such as Spo11�/� and, apparently,
Mei1�/� (9, 10, 18), as compared with mutants in which DSBs are
made but inefficiently repaired, such as Dmc1�/� (19, 20).

To account for these apparent differences, we proposed that
there are at least the following two qualitatively different
responses to recombination defects in mouse oocytes: a DNA-
damage-dependent response triggered by persistent unrepaired
DSBs, and a distinct response that is independent of DNA
damage (9). In this article, we provide formal genetic proof for
this hypothesis through characterization of oocytes from animals
carrying a mutation that eliminates DSB formation (Spo11�/�)
vs. mutations that affect repair of DSBs as soon as they have
formed (Dmc1�/� and Msh5�/�). By using this analysis as the
paradigm, we also show that the severe oocyte loss in Atm-
deficient animals is a DSB-dependent response.

Materials and Methods
Mice. Spo11, Dmc1, Msh5, Atm, and Mlh1 null mice have been
generated (9, 19, 21–23). All mice were of C57BL6 � 129 mixed
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background. To minimize variability due to strain background,
experimental animals were compared with controls from the
same litter (where possible) or from other litters from the same
matings. For simplicity, the term ‘‘wild type’’ in the text and
figures refers to both homozygous (���) and heterozygous
(���) mice, because no differences were observed between
them where analyzed. Complete data are provided in Tables 1
and 2, which are published as supporting information on the
PNAS web site. Genotyping was performed by PCR analysis of
tail-tip DNA (refs. 9, 19, and 24, and see Supporting Materials and
Methods, which is published as supporting information on the
PNAS web site).

Histological Analysis. Ovaries from up to 5-days-postpartum (dpp)
mice were fixed in 4% paraformaldehyde and embedded in
paraffin for c-KIT immunohistochemistry. Sections (8 �m) were
processed as follows: antigen was unmasked by treating slides for
3 � 5 min in 0.01 M citrate buffer (pH 6.0, 100°C) by using an
H2800 microwave processor (Energy Beam Sciences, Agawam,
MA). Rabbit polyclonal anti-c-KIT antibody (Ab-1, Calbio-
chem) was used at 2.5 �g�ml and detected by using the Vec-
tastain Elite ABC kit (Vector Laboratories). Ovaries from 8-dpp
and older mice were fixed in Bouin’s solution and embedded in
paraffin, according to standard techniques. Sections (8 �m) were
stained by periodic acid Schiff and hematoxylin by using routine
methods.

To determine oocyte and follicle numbers, serial sections from
each ovary were ordered on glass microscope slides. For mice up
to 5 dpp, the number of c-KIT-positive oocytes was counted in
every fifth section with random start, as described (25). The total
for each ovary was then estimated by multiplying the counted
number by five. Follicle counts in 4-dpp and older ovaries were

determined in every other section; the reported numbers are the
sums from the counted sections. For 8-dpp mice, counts were
first determined individually for primordial, primary, small
preantral, and antral follicles, as described (25), and then the
numbers for each were summed. Only follicles containing an
oocyte with a clearly visible nucleus were scored, so as not to
double-count follicles. For each point in the graphs in Figs. 1–3,
ovaries from one to seven females were scored (see Tables 1
and 2).

Results
Oocyte Depletion in Spo11�/� Ovaries: A DNA-Damage-Independent
Response. In females, germ cells complete the early stages of
meiotic prophase I in the fetal gonad and enter a stage referred
to as dictyate arrest immediately before or immediately after
birth (26). Based on c-KIT expression as a marker of diplotene
and dictyate stage oocytes (27), we have shown that Spo11�/�

ovaries contained �60% of the normal number of oocytes at
birth (Fig. 1 A and D) but that oocyte numbers in the mutant
later became further reduced relative to controls, resulting in
premature ovarian failure (9).

To determine more precisely when postnatal oocyte loss
occurred, we compared ovarian development of wild-type and
Spo11�/� mice. During the first 4 days after birth, oocytes in
wild-type females become surrounded by a few flattened gran-
ulosa cells, forming the primordial follicles that represent the
resting pool of germ cells that will be recruited for further
development during the reproductive life of the animal (28). At
this time, an initial synchronous wave of follicular recruitment
occurs for some of the oocytes. These oocytes increase in size
and the surrounding flattened granulosa cells become cuboidal
and proliferate, forming the primary follicle (Fig. 1 B and Inset).

Fig. 1. Oocyte loss in Spo11�/� and Dmc1�/� ovaries. Nearly normal numbers of diplotene oocytes and primary follicles are found in neonatal Spo11�/� ovaries
but not in Dmc1�/�. Diplotene oocytes were detected by anti-c-KIT staining (brown) of newborn (A, D, and G) and 4-dpp (B, E, and H) wild-type (A and B), Spo11�/�

(D and E), and Dmc1�/� (G and H) ovaries. Insets show the appearance of oocytes and primary follicles. (C, F, and I) Antral and small preantral follicles were present
in normal numbers in Spo11�/� 18-dpp ovaries but absent from Dmc1�/� ovaries. Periodic acid Schiff staining of 18-dpp wild-type (C), Spo11�/� (F), and Dmc1�/�

(I) ovaries. Insets highlight the appearance of oocytes, where present. (J) Total oocyte numbers in wild-type and Spo11�/� ovaries from mice of the indicated ages.
(K and L) Follicle counts in ovaries of mice at 4 (K) and 18 (L) dpp, revealing depletion of primordial follicles in Spo11�/� mice.
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This first wave of follicle growth occurred on time in Spo11�/�

ovaries, as demonstrated by the formation of primary follicles
(Fig. 1 E and Inset). However, a portion of the oocytes was lost
during this period, such that by 4 dpp, only 16% of the normal
number of c-KIT-positive oocytes was observed (Fig. 1J). Most
of this decrease was in the pool of primordial follicles: Spo11�/�

ovaries showed a 27-fold decrease in the number of primordial
follicles, whereas the number of primary follicles was decreased
by only 2-fold (Fig. 1K).

By 10–12 dpp, a cohort of secondary-stage follicles develops;
oocytes in these small preantral follicles are surrounded by two
or more layers of granulosa cells. Subsequently, antral-stage
follicles form between 14 and 24 dpp, when a fluid-filled cavity
(the antrum) develops between the layers of somatic cells (29).
To study the progression in follicle development in Spo11�/�

females, we examined 18-dpp ovaries because all of the different
follicular development stages are present in wild-type mice at
this age. In Spo11�/� ovaries, the numbers of preantral and antral
follicles were similar to those in wild-type ovaries, but the
primordial and primary follicle numbers were reduced �20- and
�5-fold, respectively (Fig. 1 C, F, and L; see also Fig. 5 A and
C, which is published as supporting information on the PNAS
web site). In older animals, the total number of oocytes was
reduced further in Spo11�/� ovaries (�100-fold by 60–100 dpp;
Fig. 1J), such that only a few oocytes remained. In older animals,
Spo11�/� ovaries were devoid of oocytes (224 dpp; Fig. 1J)

A straightforward interpretation of these patterns is that
Spo11�/� oocytes survive to the diplotene stage in numbers
reduced �2-fold from normal but then have a significant defect

at or before primordial follicle formation, such that only �15–
20% of the normal number of follicles forms. Despite this
reduction, initial recruitment of follicles to grow occurs at nearly
normal levels, resulting in nearly complete depletion of the
available oocytes within the first two to three months of age.
Similar effects on the population of growing oocytes and follicles
have been described in other cases in which the primordial pool
size is reduced (e.g., ref. 30). Because Spo11 mutants do not form
the DSBs that initiate meiotic recombination (9, 10, 13), we can
conclude that oocyte depletion in Spo11�/� females is indepen-
dent of DNA damage arising from unrepaired recombination
intermediates.

Dmc1�/� Oocytes Are Eliminated Before Follicle Formation: A DNA-
Damage-Dependent Response. Disruption of the Dmc1 gene in
mice causes chromosome synapsis defects and sterility (19, 20).
In Dmc1�/� females, oocytes at various stages of prophase I were
present in prenatal ovaries, but ovaries of newborn and adult
animals were devoid of follicles (20). It was suggested that the
synaptic defects or other chromosomal aberrations are the
trigger for the oocyte loss (19, 20). However, because Spo11�/�

mice have a less severe ovarian phenotype despite having similar
chromosome structure defects as Dmc1�/� mice, we suggested
instead that Dmc1�/� oocytes are eliminated as a direct response
to the presence of unrepaired DSBs (9). To distinguish between
these possibilities, we compared oocyte loss in Spo11�/� and

Fig. 2. Spo11 mutation suppresses more severe oocyte loss in Dmc1�/� and
Msh5�/�. (A) Total oocyte counts in the indicated Spo11 and Dmc1 single and
double mutants at various ages, with age-matched wild-type controls from
the same breeding. (B) Total oocyte counts in the indicated Spo11 and Msh5
single and double mutants at various ages, with age-matched wild-type
controls from the same breeding.

Fig. 3. Spo11 mutation rescues oocyte numbers in Atm�/� mutants. (A–D)
Anti-c-KIT-stained ovary sections from 4-dpp mice of the indicated genotypes.
(E) Total oocyte counts in the indicated Spo11 and Atm single and double
mutants, with age-matched wild-type controls from the same breeding.
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Dmc1�/� mice and tested the epistasis relationship between the
two mutations.

As a first step, we defined the timing of oocyte loss in Dmc1�/�

females more precisely by analyzing c-KIT expression in ovary
sections from newborn and 4-dpp animals. Similar to Spo11�/�

mice, Dmc1�/� newborn ovaries contained 57% of the normal
number of c-KIT-positive oocytes (Figs. 1G and 2A). However,
compared with Spo11�/�, the Dmc1�/� oocytes at this age
appeared to be smaller and contained condensed nuclei, sug-
gesting that they were degenerating (Fig. 1G Inset). By 4 dpp,
when essentially all of the oocytes in wild-type ovaries were
enclosed in follicles (Fig. 1B), Dmc1�/� ovaries contained very
few oocytes (Figs. 1H and 2 A), and the few c-KIT-positive cells
that were still present did not form follicles but instead were
clearly degenerating (Fig. 1H Inset). Ovaries from 18-dpp
Dmc1�/� mice were nearly devoid of oocytes, and the few that
were present were rarely enclosed in follicles (Figs. 1I and 2 A).
Thus, c-KIT-positive oocytes are present in newborn Dmc1�/�

ovaries, but unlike in Spo11�/� mice, they are essentially elim-
inated at or before dictyate arrest and follicle formation.

If the more severe ovarian phenotype in Dmc1�/� relative to
Spo11�/� reflects a response to unrepaired DSBs, then the
ability of Dmc1�/� oocytes to form follicles should be rescued by
Spo11 mutation to the level found in Spo11�/� mice. To test this
prediction, we crossed Spo11�/� Dmc1�/� double heterozygotes
and analyzed ovaries of single- and double-mutant animals at
different ages after birth. In contrast to Dmc1�/� mutants,
ovaries from Spo11�/�Dmc1�/� mice from the same breeding
were indistinguishable from those in Spo11�/� single mutants
(Fig. 5). Double mutants had similar numbers of oocytes as
Spo11�/� mice, and the kinetics of oocyte loss were similar in
Spo11�/�Dmc1�/� and Spo11�/� ovaries during the examined
period (Fig. 2 A). Follicles containing morphologically normal
oocytes had progressed to various stages of development by 18
dpp in the double mutant, but with a deficit in the numbers of
primordial follicles, as in the Spo11 single mutant (Fig. 5). These
results demonstrate that Spo11 mutation is epistatic to Dmc1
mutation, and they strongly implicate persistent DNA damage as
the cause of the more severe ovarian phenotype in Dmc1�/�

mice.

DNA-Damage-Dependent Response in Msh5�/� Ovaries. Yeast Msh5
is a meiosis-specific MutS homolog involved in recombination,
although its biochemical function is not clearly defined (31). In
mice, Msh5-deficient mutants are sterile as a result of severe
gametogenic failure (21, 32). Arrest during meiosis has been
attributed to activation of a checkpoint triggered by defects in
homologous chromosome synapsis (21, 32). However, given that
only a small number of oocytes survive to form follicles (21), the
Msh5�/� oocyte phenotype appears to be more similar to
Dmc1�/� than to Spo11�/�. Therefore, we tested whether
Msh5�/� oocyte loss reflects a DNA-damage-dependent re-
sponse by characterizing oocyte development in Msh5�/� single
and Spo11�/�Msh5�/� double mutants.

As in Dmc1�/� mice, oocyte numbers in Msh5�/� ovaries were
greatly reduced by 4–5 dpp, to 0.6% of wild-type numbers and
5.9% of Spo11�/� numbers (Fig. 2B). However, we noted the
following morphological difference from Dmc1�/� oocytes: the
few oocytes remaining at 4–5 dpp in Msh5�/� ovaries were
normal in appearance and had formed follicles (Fig. 6, which is
published as supporting information on the PNAS web site).
Similar to Dmc1�/� mice, the dramatic depletion of oocytes in
Msh5�/� ovaries was suppressed by introduction of a Spo11
mutation; oocyte numbers and follicle formation in the Spo11�/�

Msh5�/� double mutant were indistinguishable from the
Spo11�/� mutant (Figs. 2B and 6). Thus, the severe oocyte loss
in Msh5�/� ovaries appears to be driven by a response to
persistent DSBs.

As a counterexample for the Spo11-Msh5 epistasis relation-
ship, we also examined ovarian development in Msh5�/�Mlh1�/�

double mutants. Mlh1 mutation causes a relatively late defect
in meiotic recombination, such that chromosome synapsis
occurs but crossovers fail to mature (23, 33–35). For purposes
of this study, the key point is that the late recombination
mutant (Mlh1�/�) is superficially similar to the early recom-
bination mutant (Spo11�/�) in that significant numbers of
oocytes form follicles in both. However, despite this similarity,
if the severe oocyte loss in Msh5�/� were caused by persistent
DNA damage, the late-acting Mlh1 mutation should not rescue
Msh5�/� oocyte numbers. Indeed, we found that ovaries from
adult Mlh1�/�Msh5�/� females were devoid of follicles, indis-
tinguishable from Msh5�/� single-mutant littermates (Fig. 7,
which is published as supporting information on the PNAS web
site), further supporting the interpretation that Msh5�/�

oocyte loss is due to a DNA-damage-dependent response.

Atm�/� Oocyte Loss Depends on DSB Formation. The above results
provide a set of standard criteria by which to evaluate the causes
of oocyte loss in mice carrying other engineered mutations. We
applied this analysis to a mutation affecting the DNA-damage
checkpoint protein ATM, whose loss causes defects in meiotic
progression but whose molecular role in meiotic chromosome
dynamics is uncertain. Atm encodes a serine�threonine kinase
that activates cell-cycle checkpoints in somatic cells in response
to DSBs (36). In addition to somatic phenotypes, Atm�/� mice
are sterile (22, 37, 38). Mutant spermatocytes have chromosome
synapsis defects and undergo apoptosis during meiotic prophase
I, and ovaries in 11 dpp Atm�/� animals are devoid of oocytes
(24, 38). The trigger for cell death is not known, but it is often
ascribed to a checkpoint response to defects in chromosome
synapsis (e.g., refs. 38–40). However, the severe oocyte-loss
phenotype reported for Atm�/� females seems to be more similar
to that seen in Dmc1�/� than to Spo11�/�, suggesting instead that
Atm�/� oocytes are eliminated in response to the presence of
persistent DSBs.

To distinguish between these possibilities, we examined the
kinetics of Atm�/� oocyte depletion and the epistasis relation-
ship of the Atm and Spo11 mutations. Ovaries from a newborn
Atm�/� female contained 49% of the normal number of c-KIT-
positive oocytes (Fig. 3E). However, these oocytes were rapidly
lost, such that only 1.8% of the normal numbers of oocytes were
present at 4 dpp (Fig. 3 C and E). The few remaining c-KIT-
positive oocytes at this age usually showed condensed chromatin
and a degenerative morphology (Fig. 3C Inset), similar to
Dmc1�/� oocytes (Fig. 1H). In contrast, oocyte depletion and
follicle formation in Spo11�/�Atm�/� double mutants was in-
distinguishable from those in Spo11�/� mutant littermates (Fig.
3 B, D, and E), demonstrating that Spo11 mutation is epistatic
to Atm�/�. These results imply that the severe oocyte loss in
Atm�/� mice is a response to unrepaired DSBs generated by
SPO11.

Discussion
Meiotic cells often arrest or abort development when recombi-
nation defects are encountered, revealing the existence of cel-
lular systems for monitoring the progress of recombination (e.g.,
refs. 2 and 6). These monitoring processes presumably protect
against formation of gametes with aneuploid or damaged ge-
nomes. Often, different organisms (and sometimes even differ-
ent sexes in the same organism) respond differently to the same
molecular defects in recombination, making it difficult to ex-
trapolate findings from one organism to another.

To understand how mammalian oocytes respond to recombi-
nation defects, we compared oocyte and follicular development
in mouse lines with targeted mutations of components of the
meiotic recombination pathway. We found that Spo11�/� fe-
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males show a significant defect in follicle formation relative to
wild type. Because Spo11�/� mice do not form the DSBs that
initiate meiotic recombination (9, 10, 13), the oocyte progression
defect in the Spo11�/� mutant must reflect a DNA-damage-
independent response. However, Dmc1�/� and Msh5�/� oocytes
show a more profound developmental defect, with an absence or
near absence of follicle formation, respectively. Because these
mutations presumably cause defects in the repair of meiotic
DSBs, their more severe phenotype is likely to be caused by a
response to persistent DNA damage. Epistasis relationships
between these mutants and Spo11�/� confirm this interpreta-
tion. Thus, we can infer that distinct DNA-damage-dependent
and -independent mechanisms are responsible for death of
oocytes at or before follicle formation and that oocyte loss is
exacerbated in the presence of unrepaired DSBs. A summary of
these results is shown in Fig. 4.

DNA-Damage-Independent Oocyte Loss in Spo11�/� Mice. Increased
oocyte depletion is apparent during at least the following two
stages in the Spo11�/� mutant: during prenatal development,
revealed as a �2-fold deficit of c-KIT-positive oocytes at birth,
and to a greater extent in the early postnatal period during
follicle formation, revealed as a �20-fold deficit of primordial
follicles in young females (Fig. 4). The trigger for these losses is
not known, but it is clear that losses are not a response to
unrepaired recombination intermediates. The failure to form
chiasmata is presumably also not the proximal defect because
oocyte loss at both stages occurs long before prometaphase.

Even in normal animals during prenatal development, oocyte
loss occurs continuously (41). Although the causes for this
normal attrition are not understood, the rate of oocyte loss is
increased in mice with abnormal karyotypes (e.g., refs. 17 and
42). Such mice also display synaptic failures, so it has been
suggested that defects in synapsis provoke programmed cell
death in the female germ line at or before birth (17). Such a

scenario might explain the prenatal oocyte depletion in Spo11�/�

females, because synaptonemal-complex formation is highly
aberrant in this mutant (9). However, it is true that if synaptic
defects were responsible for the initial oocyte loss in Spo11�/�

females, then it would be noteworthy that the extent of oocyte
loss was quantitatively no greater than that detected in females
with a single abnormal chromosome, even though Spo11�/�

females have a global synaptic defect.
In principle, for the even stronger defect in primordial follicle

formation during the early postnatal period in Spo11�/� mu-
tants, this accelerated oocyte loss could arise from a regulatory
response (checkpoint) that provides a quality-control function,
perhaps in response to chromosome structure defects. However,
if so, some Spo11�/� oocytes appear to be able to escape this
checkpoint, even though all oocytes have abnormal chromosome
structures. Alternatively, it is possible that the increased loss is
not a programmed regulatory response but instead reflects
physiological defects that are an indirect consequence of absence
of SPO11. For example, defects in chromosome dynamics earlier
in meiotic prophase might cause alterations of gene expression
later, such that many oocytes are unable to provide or respond
to necessary signals to/from granulosa cells. These findings do
not allow us to distinguish between these possibilities.

DNA-Damage-Dependent Responses in Dmc1 and Msh5 Mutants. In
yeast mutants lacking DMC1, DSBs with single-stranded tails
persist and strand invasion of homologous chromosomes is
defective (5). The same situation is likely to be true in the
absence of mouse DMC1. Although the biochemical role of
MSH5 is not clearly defined, it is known to be required for proper
repair of recombination intermediates in yeast (e.g., ref. 43). The
persistence of �-H2AX staining (13) and RAD51 foci (21) in
Msh5�/� spermatocytes indicates that the same requirement is
true in mouse meiosis as well.

In female mice, the following more severe oocyte defects were
observed in Dmc1�/� and Msh5�/� than in Spo11�/�: fewer (if
any) oocytes were able to form follicles, and in newborn
Dmc1�/� ovaries, most of c-KIT-positive oocytes showed clear
signs of degeneration. Because Spo11 deficiency was fully epi-
static to Dmc1�/� and Msh5�/� for oocyte development, these
findings imply that oocytes undergo programmed cell death in
response to unrepaired recombination intermediates. The phe-
notypic difference between Dmc1 and Msh5 mutations in fe-
males [i.e., a few morphologically normal follicles in the Msh5
mutant (ref. 21 and Fig. 6)] suggests that the DSB repair defect
caused by MSH5 loss may be overcome in some oocytes, which
is not possible when DMC1 is absent. A less severe phenotype
for Msh5 versus Dmc1 or Rad51 mutation has also been observed
in yeast and worms (31, 43–45).

A similar epistatic relationship between mutations that block
DSB formation and mutations defective in DSB repair factors
(e.g., DMC1, RAD51, and RAD51 paralogs) has been demon-
strated in other organisms (5, 7, 8, 46, 47). However, the same
relationship was not necessarily anticipated in mice, given that
spermatocytes of Spo11�/� mice are eliminated with similar
timing as spermatocytes in Dmc1�/� and Msh5�/� mice (i.e.,
early in meiotic prophase I at the late zygotene�early pachytene
stage) (9, 10, 19–21, 32). Thus, compared with females, males
have an earlier DNA-damage-independent response to meiotic
chromosome defects. Either a DNA-damage-dependent re-
sponse does not occur, or it occurs with a similar timing as the
DNA-damage-independent response.

Many of the DNA-damage checkpoint-signaling pathways that
function in mitotically dividing cells function also in the meiotic
context in many organisms (2, 6). In mice, meiotic roles for some
of these proteins are inferred from immunolocalization studies
(48–51). Notably, the fact that Spo11�/� females have less severe
meiotic progression defects than Dmc1�/� or Msh5�/� indicates

Fig. 4. Schematic representation of DNA-damage-dependent and -indepen-
dent oocyte loss. Stages of oocyte development in wild type are indicated,
starting at early meiotic prophase in the fetal ovary. Meiotic arrest plus
communication with somatic cells give rise to primordial follicles. Subsequent
growth of follicles and oocytes is followed by resumption of meiosis, comple-
tion of the first division, and ovulation (not shown). Increased oocyte loss (gray
arrows) in the Spo11 mutant is apparent during prenatal development and
immediately after birth during primordial follicle formation. More severe
DNA-damage-dependent oocyte loss occurs at or before follicle formation in
Dmc1-, Atm-, and Msh5-deficient animals. See text for further details.
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that mammalian oocytes monitor the progression of recombi-
nation when it begins rather than simply responding to the
absence of recombination per se.

DNA-Damage-Dependent Responses in Atm Mutants. Checkpoint-
signaling proteins, such as ATM and its relative ATR, clearly
function as mediators of cellular responses to DNA damage,
triggering cell-cycle arrest and coordinating repair processes
when genomic aberrations are encountered (36). However,
recent evidence (52) indicates that ATM and�or ATR also
promote proper execution of basic chromosomal events, in
addition to responding to aberrations. Taking the properties of
the Dmc1�/� and Msh5�/� mutant oocytes in this study as the
paradigm, our observation that Spo11 deficiency is also epistatic
to Atm deficiency indicates that oocyte death in Atm�/� animals
is largely a response to unrepaired, or incorrectly repaired,
DSBs. This finding seems counter to what would be expected if
ATM were to function simply as a signaling protein to halt
cell-cycle progression in response to unrepaired DSBs. Instead,
our results provide evidence that ATM plays a more direct role
in promoting meiotic recombination.

This conclusion explains the observation that chromosome-
associated complexes of RAD51 and DMC1 proteins are altered
in Atm-deficient mouse spermatocytes (24, 53). ATM has been
proposed to promote DSB repair and homologous recombina-
tion in cultured vertebrate cells, although its role is unclear (36,
54). Moreover, yeast and Drosophila mutants that are deficient
for the ATR homologs MEC1 and MEI-41, respectively, have
altered patterns of meiotic recombination, consistent with direct
roles in controlling the processing of meiotic DSBs for these
proteins as well (55–57). Further studies to delineate the precise
molecular functions of these kinases in DSB processing will be
the key to understanding the meiotic defects in these mutants.
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